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ABSTRACT: Mechanical and structural properties of biofilms
influence the accumulation and release of pathogens in drinking
water distribution systems (DWDS). Thus, understanding how
long-term residual disinfectants exposure affects biofilm mechan-
ical and structural properties is a necessary aspect for pathogen
risk assessment and control. In this study, elastic modulus and
structure of groundwater biofilms was monitored by atomic force
microscopy (AFM) and optical coherence tomography (OCT)
during three months of exposure to monochloramine or free
chlorine. After the first month of disinfectant exposure, the mean
stiffness of monochloramine- or free-chlorine-treated biofilms was
4 to 9 times higher than those before treatment. Meanwhile, the
biofilm thickness decreased from 120 ± 8 μm to 93 ± 6−107 ±
11 μm. The increased surface stiffness and decreased biofilm thickness within the first month of disinfectant exposure was
presumably due to the consumption of biomass. However, by the second to third month during disinfectant exposure, the biofilm
mean stiffness showed a 2- to 4-fold decrease, and the biofilm thickness increased to 110 ± 7−129 ± 8 μm, suggesting that the
biofilms adapted to disinfectant exposure. After three months of the disinfectant exposure process, the disinfected biofilms
showed 2−5 times higher mean stiffness (as determined by AFM) and 6−13-fold higher ratios of protein over polysaccharide, as
determined by differential staining and confocal laser scanning microscopy (CLSM), than the nondisinfected groundwater
biofilms. However, the disinfected biofilms and nondisinfected biofilms showed statistically similar thicknesses (t test, p > 0.05),
suggesting that long-term disinfection may not significantly remove net biomass. This study showed how biofilm mechanical and
structural properties vary in response to a complex DWDS environment, which will contribute to further research on the risk
assessment and control of biofilm-associated-pathogens in DWDS.

■ INTRODUCTION

Biofilms in drinking-water distribution systems (DWDS) can
facilitate pathogen persistence and transmission1 by harboring
pathogens,2 supplying nutrients,3−7 and protecting pathogens
from disinfection.8,9 It is further reported that biofilms can
capture or accumulate planktonic pathogens and then release
these pathogens via the detached biofilm materials.1 This
process (biofilms accumulating and releasing pathogens) can be
highly influenced by biofilm structural and mechanical
properties. For example, biofilm roughness was observed to
control pathogen accumulation to biofilms by increasing the
interception of pathogens with biofilms.10−13 Biofilm elasticity
and cohesiveness are shown to be essential for the detachment
of biofilms and biofilm-associated pathogens.14−16 Therefore,
comprehensive understanding of the mechanical and structural

properties for drinking water biofilms will provide information
to predict, assess, and aid in controlling the risk of pathogens
associated with DWDS biofilms.
A disinfectant residual is required in most drinking waters by

the U.S. Environmental Protection Agency (EPA). Of particular
interest here is that disinfectant residuals may influence the
biofilm mechanical and structural properties through biomass
loss and change in biofilm chemical composition. Thinner and
rougher Pseudomonas aeruginosa biofilms were observed after a
relatively short term (1−6 days) of continuous exposure to a
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free-chlorine stream.17 The cohesiveness of multispecies
drinking water biofilms did not significantly change after 60
min of exposure to quiescent free-chlorine solution.18 Longer
disinfectant exposure (8 weeks) was also reported to lead to a
reduction in groundwater biofilm thickness.19 However, it is
unknown how longer-term (i.e., normal operational) dis-
infectant exposure may influence mechanical and structural
properties other than thickness. In addition to disinfectant
exposure, hydrodynamic shear stress is known to influence
biofilm mechanical and structural properties.18,20−25 For
example, biofilms developed under high shear stress up to 10
Pa were shown to be cohesively stronger.15,21 The reduction of
biofilm thickness was observed under a continuous exposure to
shear stress up to 0.9 Pa.21,22 During disinfectant exposure,
shear can accelerate biofilm−disinfectant reaction by enhancing
the mass transfer of disinfectant into the biofilms,26 presumably
leading to significant biofilm property variation. However, the
combined effect of disinfectant exposure and shear stress on
properties of biofilm grown under low-nutrient conditions over
a longer time appears to be unreported.
To fill these research gaps, we monitored mechanical and

structural properties of simulated drinking water biofilms
during three months of disinfectant exposures. Monochlor-
amine and free chlorine are the two most commonly used
disinfectants in DWDS and were separately used to treat
groundwater-grown biofilms. Both shear and quiescent
conditions were explored during disinfectant exposure to
simulate dynamic and stagnant zones in DWDS. In this
study, we measured biofilm elastic modulus with atomic force
microscopy (AFM) and biofilm structure (thickness and
roughness) with optical coherence tomography (OCT) to
determine the role of disinfectant exposure, shear conditions,
and exposure duration time on biofilm mechanical and
structural properties. The results of this study show how
biofilm mechanical and structural properties vary in response to
a complex DWDS environment and contribute to further
research on the risk assessment and control of biofilm-
associated-pathogens in DWDS.

■ MATERIALS AND METHODS
Biofilm Preparation and Disinfectant Exposure Assay.

A groundwater source for drinking water in Urbana−
Champaign, IL was selected for growing biofilms on PVC
coupons (RD 128-PVC, BioSurface Technologies Corporation,
Bozeman, MT) in CDC reactors (CBR 90−2, BioSurface
Technologies Corporation), as described previously.11,12 This
groundwater source mainly contained 1.6 mM Ca2+, 1.2 mM
Mg2+, and 1.0 mM Na+. Continuous stirring at 125 rpm in the
CDC reactors created a shear condition with a Reynolds (Re)
number of 2384. The groundwater biofilms were developed in
CDC reactors for one year and then distributed in six reactors
for the subsequent biofilm disinfectant exposure.
In the biofilm disinfection step, these one-year-old biofilms

were exposed to either free chlorine or monochloramine for 3
months. Specifically, groundwater containing 4 mg Cl2/L of
monochloramine or free chlorine were continuously introduced
to the biofilm reactors in either stirred or nonstirred conditions
(Figure 1). Reactors 1 and 4 were continuously exposed to
groundwater containing freshly prepared monochloramine, and
Reactors 2 and 5 were similarly exposed to freshly prepared free
chlorine. Reactors 3 and 6 were exposed only to disinfectant-
free groundwater and were used as controls. Reactors 1−3 were
stirred at 125 rpm to simulate pipe flow conditions, and

Reactors 4−6 were not stirred to simulate stagnant conditions.
Both stirred and nonstirred conditions were used because the
shear stress caused by stirring could influence the biofilm
mechanical and structural properties.18,20−25 In a real DWDS,
both quiescent and shear conditions are likely to occur and
affect biofilm structure. The six reactors were operated for 3
months at 4 mg Cl2/L of total disinfectant, which is the
maximal residual disinfectant concentration in DWDS required
by the EPA. The feed disinfectant solutions were prepared and
replenished every other day.

Biofilm Elastic Modulus Determination by AFM
Indentation Test. AFM Probe Preparation. The indentation
measurements were conducted with a silica sphere (with a
diameter of 20 μm) glued to a tipless cantilever (calibrated with
a normal spring constant of 0.6−1.2 N/m, Mikromasch, Lady’s
Island, SC). Similar to previous studies using spherical probes
ranging in size from 10 to 50 μm to detect mechanical
properties of polymers, cells, and biofilm,27−29 spherical beads
with a diameter of 20 μm (instead of a sharp tip (tip radius <10
nm)) were chosen to create larger contact areas and small
contact pressures between the probe and the biofilm. A 20 μm
diameter spherical probe can lead to a projected area of ∼54
μm2 on a biofilm surface at the maximal indentation depth of 5
μm, determined on the basis of our measurements (e.g., a
contact radius of ∼4.1 μm is obtained at a load of 52 nN for a
rigid silica sphere and a flat biofilm of ∼5 kPa, according to the
Hertz model).30 Therefore, the 20 μm diameter spherical probe
provided better representation of the biofilm elastic modulus at
mesoscale compared with the submicron-scale measurement
conducted by a AFM sharp tip. More details of building a
spherical probe were described previously31 and are also in the
Supporting Information.

Indentation Test Data Collection and Analysis. The
change in biofilm elastic modulus (Young’s modulus) during
the long-term disinfection process was estimated by indentation
tests conducted on the same biofilm coupons from each reactor
every month. The test biofilm coupons were carefully removed
from the reactors for the indentation tests, after which they
were immediately returned to the biofilm reactors. The biofilms
were kept in groundwater during all the transit and
experimental process to avoid dehydration. All of the
indentation measurements were performed in groundwater

Figure 1. Experimental setup of disinfectant exposure assay for
biofilms. GW: groundwater.
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filtered through a 0.22 μm cellulose membrane. The test
biofilm coupons were gently rinsed with filtered groundwater
three times before being subjected to indentation tests. The
contact mode of an MFP-3D AFM (Asylum Research, Santa
Barbara, CA) was used for all indentation tests. Before
indentation, all AFM probes were calibrated on a bare glass
surface both in air and in liquid to obtain the cantilever
deflection sensitivity for force calculation.27

Following the probe calibration, the indentation tests were
carried out with a probe approaching down velocity of 2 μm/s.
The indentation force was measured as a function of
indentation depth (Figure 2). The probe was indented into
the biofilms with a maximal indentation depth of 5 μm. The
indentation depths were limited within 10% of the total biofilm
thickness to avoid the interference of the PVC substrate.32,33

Prior to the probe contacting and indenting into the biofilms,
surface forces, including electrical double layer, hydration, and
steric interactions, between the probe and the biofilm can lead
to a weak repulsion. The maximal range of the surface
interaction was ∼100 nm, determined on the basis of force
measurements and its distinguishable force law; thus, a
deconvolution of surface force and indentation force was
possible in our measurements. After the probe overcame this
weak surface repulsion, the probe penetrated (indented) into
the biofilms at a certain depth dependent on the applied force
(50−500 nN) and biofilm mechanical properties. In some
indentation measurements, a bilayer biofilm structure was
revealed along the indentation depth. The indentation curve for
the biofilm outer layer has a lower slope compared to the
biofilm inner layer (Figure 2), suggesting that the Young’s
modulus of the biofilm outer layer was reproducibly smaller
than that of the biofilm inner layer. AFM indentation tests were
also used to characterize the bilayer structure of other soft
materials, such as cells.27 The thickness of the outer layer was
determined at the change of slope in the indentation curve
(Figure 2), and the Young’s modulus (E) of the shell layer was
determined by fitting the curve to the Hertz model,27

determined based on eq 1:

δ= ×
−

× ×F
E

v
r

4
3 1 s

2
3/2

(1)

where F is the force applied by the AFM probe to deform the
biofilm surface, vs is the biofilm Poisson’s ratio (assumed to be
0.314), r is the radius of the AFM probe, and δ is the probe
indentation depth. The MFP-3D AFM software was used to
conduct the indentation curve fitting using the Hertz model
(fitting results have reduced chi-square values close to 1). The
outer-layer Young’s modulus was determined in this study
because the outer layer directly exposed to drinking-water-
phase is expected to be more relevant to pathogen
accumulation and release processes, and the biofilm inner
layer was not characterized here due to the possible
interference of the PVC substrate.32

Indentation measurements were repeated at 20−30
randomly selected locations in each biofilm sample. At each
location, indentation tests were conducted at different applied
loads ranging from 50 to 500 nN. At each applied load, the
indentation tests were repeated 2−5 times. In total, 120−450
indentation tests were conducted on each biofilm sample. Due
to biofilm heterogeneity, the distribution of the Young’s
modulus values obtained from these randomly selected
locations on each biofilm was analyzed to characterize the
change in biofilm stiffness within a disinfectant exposure time
period. Kolmogorov−Smirnov tests were used to compare the
Young’s modulus distributions obtained for different biofilms.
In addition, all the measured values of Young’s modulus for
each sample were divided into four groups: a very soft group
with E < 5 kPa, a soft group with 5 kPa<E < 20 kPa, a hard
group with 20 kPa<E < 100 kPa, and a very hard group with
100 kPa > E. For each biofilm sample, the percentage of each
group in all measured E values was determined.

Biofilm Structure Determination by Optical Coher-
ence Tomography. The roughness and thickness of the
biofilms were determined by the optical coherence tomography
(OCT) technique described previously.12,34 In this study, a
custom-built 1300 nm based spectral domain OCT system
imaged biofilm cross-sections of 3.1 mm transverse by 2.1 mm

Figure 2. Indentation test principle. A sphere probe with the diameter of 20 μm was used in the indentation measurement. When the probe was
indented into the biofilm surface, the deflection of the probe cantilever was monitored, and the applied force was calculated with the measured
vertical deflection and the spring constant of the cantilever. The force as a function of indentation depth was then plotted, and the biofilm outer layer
Young’s modulus and thickness was determined accordingly.
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in depth with an axial resolution of 4.2 μm and a transverse
resolution of 3.9 μm.35 To monitor the biofilm structural
change, we collected the biofilms every week for the first month
and every 2 weeks for the second and third month and
subjected them to OCT imaging immediately after being
removed from the reactor. A drop of groundwater was added
on each biofilm coupon during OCT measurements to
maintain the hydrated condition for biofilms. A volumetric
scan consisting of two hundred images was taken in two
separate locations from each sample. The average thickness and
roughness were calculated from 20 randomly selected images
for the biofilms in each reactor. ImageJ (http://imagej.nih.gov/
ij/) was used to eliminate the background of these images
before further analysis. Biofilm mean thickness and roughness
were determined by analyzing gray scale gradient with
automatic thresholding using the MATLAB program developed
by Derlon et al.36

Biofilm Composition Determination by Confocal
Laser Scanning Microscopy. To explore the possible
connection between biofilm elasticity and biofilm composition,
we determined the composition of three-months-disinfected
biofilms and control biofilms by confocal laser scanning
microscopy (CLSM; TCS SP2 RBB, Leica Microsystems).
Biofilms are mainly composed of bacteria cells and extracellular
polymeric substances (EPS). The biofilm mechanical properties
are highly dependent on EPS. To determine the amount of
each component in EPS, we used the fluorescent dyes of Sypro
Orange and a mixture of ConA Alexa 633 and WGA Alexa 633
(Thermo Fisher Scientific Inc., Waltham, MA) to stain biofilm
protein and polysaccharide, respectively. After this, the image of
each component was scanned by CLSM, as described
previously.37 Briefly, the stained protein was scanned at the
excitation wavelength of 470 nm and recorded at the emission
wavelength of 570 nm. The stained polysaccharide was scanned
at the excitation wavelength of 633 nm and recorded at the
emission wavelength of 647 nm. A series of horizontal sections
of protein and polysaccharide in the biofilms were imaged at an
interval of 0.37 μm along the thickness of the biofilms. For each
biofilm sample, 6−7 different locations with the size up to 720
× 720 μm were selected for CLSM imaging. To obtain the
composition of the biofilms, we further analyzed the CLSM
images of the biofilms using COMSTAT.38,39 COMSTAT
recognized the volume of protein and polysaccharide,
respectively, by stacking each horizontal section image. The
ratio of protein to polysaccharide was then determined
accordingly. In this study, the volume of protein and
polysaccharide determined by CLSM was not used to compare
biofilm composition due to the heterogeneity in biofilm
thickness and the possible diminishing of fluorescence signal
along biofilm depth.40 Instead, the ratios of protein over
polysaccharide in biofilm EPS under different conditions were
compared because these ratios reflected the change in biofilm
EPS composition.

■ RESULTS
Biofilm Elastic Modulus Monitored by AFM at

Different Disinfectant Exposure and Shear Conditions.
To compare the biofilm mechanical properties after three
months of exposure to different disinfectants and hydro-
dynamics conditions, we obtained frequency distributions of
the measured Young’s moduli for the biofilms from different
reactors. Compared to the E values of nondisinfected
groundwater biofilms (reactors 3 and 6) (Figure 3a,b), the E

values of free-chlorine- (Figure 3c,d) and monochloramine-
treated biofilms (Figure 3e,f) clustered in a higher range
(Kolmogorov−Smirnov test, p < 0.05). For example, under the
nonstirring (shear-free) condition (Figure 3b,d,f), the maximal
E frequency for the groundwater biofilms was located in the
lower range of 0−2 kPa, and for the free-chlorine- or
monochloramine-treated biofilms, the maximal E frequency
was located in the higher range of 2−4 kPa. E distributing in
the higher ranges indicated that exposure to free chlorine and
monochloramine increased the biofilm Young’s modulus or
stiffness. In addition, the E distributions under the stirring
(shear) and nonstirring (shear-free) conditions were compared.
For the groundwater biofilms and free-chlorine-treated biofilms
(Figure 3a versus Figure 3b and Figure 3c versus Figure 3d),
the E distributions under the stirring and nonstirring conditions
were statistically the same (Kolmogorov−Smirnov test: p >
0.05), indicating that moderate hydrodynamic shear did not
significantly alter the biofilm Young’s modulus after three
months of disinfectant-free groundwater or free chlorine
exposure. Conversely, the monochloramine-treated biofilms
indicated that a shear condition during monochloramine
exposure increased the biofilm elastic modulus (Figure 3e
versus Figure 3f), given the statistically different E distributions
(Kolmogorov−Smirnov test, p = 0.04). In summary, both free-
chlorine and monochloramine treatment increased the Young’s
modulus E or stiffness of the biofilms, and the shear condition
increased biofilm stiffness only under the monochloramine
exposure condition.
In addition to examining the biofilm Young’s modulus under

different disinfectant exposure and shear conditions, the change
in the Young’s modulus over disinfectant exposure time was

Figure 3. Frequency distribution of E for biofilm after 3 months
exposure of groundwater (a) with and (b) without stirring, free
chlorine (c) with and (d) without stirring, and monochloramine (e)
with and (f) without stirring, respectively. The Y-axis represents the
frequency of occurrences of E values with each interval size of 5 kPa.
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also determined (Figure 4). Before disinfection treatment, all of
the measured Young’s modulus values belonged to either the

very soft or the soft group (E values smaller than 20 kPa).
However, after one month of monochloramine treatment, the
fraction of soft and very soft biofilms in the measured biofilms
was reduced to 18%. Most of these biofilms were hard (20 kPa
< E < 100 kPa) or very hard (E > 100 kPa). The mean value of
E after one month of monochloramine disinfection was eight
times higher than that before treatment (42 kPa versus 5 kPa).
The increased E values suggested that the biofilm stiffness was
significantly increased after monochloramine exposure. How-
ever, after two or three months of exposure to monochlor-
amine, soft and very soft biofilms again dominated the overall
biofilm behavior. The fraction of soft and very soft biofilms in
the total measured biofilms increased to 68% and 85% at the
second and third month, respectively. The E values at the
second and third month were statistically similar (t test, p =
0.73) and the mean E values were twice lower than that for the

first month, suggesting that the biofilm stiffness decreased in
the second month and then stabilized by the third month. The
observation that E increased in the first month of disinfectant
treatment and then decreased in the following months was also
observed for other disinfection treatment conditions (Figure
S1a, Figure S2a, and Figure S3a). Thus, the biofilm stiffness
increased after one month of disinfectant exposure, but it
decreased and became stable with longer disinfection treatment
(2 or 3 months).
The above trend for the Young’s modulus change over time

was the reverse of the trend in average biofilm outer layer
thickness (Figure 4, Figure S1, Figure S2, and Figure S3). As
shown in Figure 4, the highest biofilm Young’s modulus
(Figure 4a) and the lowest biofilm outer-layer thickness (Figure
4b) was observed at the first month during exposure to
monochloramine with shear conditions. Similar observation of
the highest E value corresponding to the lowest average biofilm
outer layer thickness was also found for the biofilms under
other disinfectant exposure and shear conditions (Figure S1,
Figure S2, and Figure S3).

Biofilm Structure Monitored by OCT at Different
Disinfectant Exposure and Shear Conditions. The average
thickness of biofilms after three months of exposure to different
disinfectant and shear conditions was estimated using OCT
(Figure S4a). There was no significant difference between
biofilms with or without disinfectant exposure. Specifically,
under shear conditions, all the monochloramine-treated, free-
chlorine-treated, and nondisinfected (control) groundwater
biofilms had statistically similar thicknesses (129 ± 8, 127 ± 19,
and 123 ± 18 μm, respectively; t test, p > 0.05). However,
under shear-free conditions, although the free-chlorine-treated
and groundwater biofilms still had statistically similar
thicknesses (117 ± 6 μm versus 118 ± 10 μm; t test, p =
0.75), the monochloramine-treated biofilms had a slightly lower
biofilm thickness of 110 ± 7 μm (t test, both p < 0.05). The
similarity of thicknesses for the disinfected and nondisinfected
biofilms suggested that three months of disinfection did not
significantly reduce biofilm thickness. In addition, no apparent
biofilm thickness change was measured under different
hydrodynamic conditions for free-chlorine-treated biofilms
and nondisinfected biofilms (t test, both p > 0.05). Nonethe-
less, the thicknesses of monochloramine-treated biofilms under
the shear condition were higher than those under the shear-free
condition (t test, p = 2.5 × 10−8). Overall, however,
monochloramine- and free-chlorine-treated biofilms did not
show substantially lower thickness than the nontreated biofilms.
In addition to comparing the biofilm thickness under

different disinfectant exposure and shear conditions, we also
monitored the change in biofilm average thickness over the
three months of disinfectant exposure (Table S1). A decrease in
thickness under monochloramine treatment over the first 5
weeks of disinfection was observed (t test, p < 0.05), followed
by an increase in thickness over the next 8 weeks (t test, p <
0.05). The lowest biofilm thicknesses were observed at the fifth
week for the monochloramine-treated biofilm under the shear
(105 ± 6 μm) and the shear-free conditions (93 ± 6 μm). For
the free-chlorine-treated biofilm, the thinnest biofilm thickness
was observed at the fourth week, with thickness values of 107 ±
11 μm and 103 ± 8 μm under shear and shear-free conditions,
respectively. In the following weeks (5th to 13th week), the
thickness increased and then recovered to the initial thickness
at the end of disinfectant exposure (biofilm thickness at week 0
versus biofilm thickness at week 13; t test; p > 0.05). Although

Figure 4. (a) The percentage stacked bar for the Young modulus and
(b) the outer layer thickness of biofilms during the three months of
monochloramine treatment under stirring conditions. The red line in
panel a shows the mean value of E at each time point. The percentage
stacked bars and outer layer thicknesses of biofilms during other
treatment conditions are shown in Figure S1 (free-chlorine treatment
under stirring conditions), Figure S2 (monochloramine treatment
under nonstirring conditions), and Figure S3 (free-chlorine treatment
under nonstirring conditions).
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the monochloramine and free-chlorine exposure showed the
lowest thickness at around month 1 (4th or 5th week), the
nondisinfected groundwater biofilms did not show significant
change in thickness over the 3 month study, under either shear
or shear-free conditions (t test, p > 0.05). Therefore, biofilm
thickness decreased during a short-term of disinfectant
exposure (roughly one month), but the thickness increased
over the rest of the disinfectant exposure period.
The biofilm roughness from each reactor was compared after

three months of disinfectant exposure (Figure S4b). Under the
same hydrodynamic conditions (shear or shear-free), the
monochloramine-treated biofilms showed statistically lower
roughness than free-chlorine-treated biofilms (t test, p < 0.05).
In addition, with the same disinfectant treatment, the biofilm
roughness under the shear condition was significantly lower
than that under the shear-free condition. For example, the
roughness for the monochloramine-treated biofilms was 0.15 ±
0.03 and 0.36 ± 0.04 under the shear and the shear-free
conditions (t test, p = 1.6 × 10−20), respectively (Figure 5).
Therefore, for the biofilms exposed to the same disinfectant,
the shear condition led to significantly lower biofilm roughness
than the shear-free condition.

The change of biofilm roughness over the three months of
disinfectant exposure was also monitored (Table S2). Under
the shear condition, roughness of monochloramine-treated
biofilms showed a 1.7-fold decrease in the first 4 weeks and
then remained constant in the following 9 weeks. The
roughness of nondisinfected groundwater biofilms also
decreased 1.3-fold over the three months under the same
shear condition. However, the free-chlorine-treated biofilms
kept the statistically similar roughness before and after the three
months of disinfection (0.25 ± 0.02 versus 0.26 ± 0.05; t test, p
= 0.25). Under the shear-free condition, roughness of all
monochloramine-treated, free-chlorine-treated, and nondisin-
fected biofilms kept increasing during the three-month
experiment. For example, the biofilm roughness increased 1.4
times during monochloramine exposure. In summary, under
shear conditions, the biofilm roughness was reduced or did not
change by the three-month experiment. In contrast, with
stagnant conditions, the roughness increased for all examined
treatment conditions.
Biofilm Composition after Long-Term Disinfection

Determined by CLSM. The ratio of protein over poly-
saccharide in biofilm EPS under different conditions was
determined by CLSM after the three months of disinfectant
exposure. For the biofilms without any disinfectant exposure,
the ratios of protein/polysaccharide were 1.2 ± 0.46 and 0.92 ±

0.34 under shear and shear-free conditions, respectively.
However, with the free chlorine exposure, the biofilms had
protein to polysaccharide ratios of 6.29 ± 3.19 and 6.66 ± 3.58,
significantly higher than those of groundwater biofilms (t test, p
< 0.05). With monochloramine exposure, these protein to
polysaccharide ratios were further increased (t test, p < 0.05),
being 13.09 ± 1.89 and 8.28 ± 2.47, respectively. These higher
protein to polysaccharide ratios after disinfectant exposure
suggested that free chlorine and monochloramine either
directly consumed more polysaccharide than protein in biofilm
EPS or stimulated changes in the biofilm community that were
expressed the different ratios.

■ DISCUSSION
In contrast to previous studies focusing on short-term exposure
of biofilms to disinfectants,17,18 our three-month disinfectant
exposure study revealed the dynamics of biofilm structural and
mechanical properties. Specifically, the least biofilm thickness
and the highest stiffness were observed after one month of
disinfectant exposure, but these properties recovered after three
months. To our best knowledge, this is the first report revealing
how biofilm properties changed during a long-term disinfection.
In the first month of disinfectant exposure, a decrease of 13−27
μm in overall biofilm thickness was observed, suggesting
biomass consumption by disinfectant. In addition, an increase
from 4 to 9 times in the biofilm stiffness together with
reduction in the biofilm outer layer thickness in the first month
may be attributed to the consumption of biofilm EPS by
disinfectant in the outer layer and the lack of EPS production
by the inactivated bacteria cells near the outer layer. However,
with longer disinfectant exposure, the biofilms may adapt
themselves to the disinfectant (e.g., by adjusting their microbial
community19,41) and produce EPS again to replenish the outer
layer, consistent with the observed increase (14−35 μm) of the
biofilm thickness and decrease (2-fold to 4-fold) of the biofilm
stiffness. Thus, although short-term disinfection can lead to
thinner and stiffer biofilms, biofilms could recover with long-
term disinfectant exposure, a condition relevant for DWDS.
The long-term disinfectant exposure did not lead to a

significant difference of biofilm thickness between the
disinfected and nondisinfected biofilms, but higher stiffness
was observed for disinfected biofilms compared with non-
disinfected biofilms. The thickness between disinfected and
nondisinfected biofilms was similar, presumably because the
biofilms became resistant to disinfectant under a long-term
disinfection. Specifically, certain microorganisms in biofilms
could become more resistant to disinfection.42 Also, dis-
infectant exposure could generate selective pressure to certain
microbial populations in biofilms.43,44 Hence, after three
months of disinfection, neither monochloramine- nor free-
chlorine-treated biofilms showed obvious differences from the
nondisinfected groundwater biofilms. Unlike biofilm thickness,
the biofilm stiffness of the disinfected biofilms were 3−5 times
higher than that of the nondisinfected biofilms. This higher
biofilm stiffness was observed together with higher ratios of
protein over polysaccharide, suggesting that the higher stiffness
of the biofilms after disinfection exposure may be due to the
higher fraction of EPS protein. A previous study also suggested
that protein-rich regions on the Lactobacillus johnsonii bacteria
surface were stiffer than that of polysaccharide-rich regions.45

Because stiffer biofilms may be more stable against shear
stress,16 less detachment and release of biofilm-associated
pathogens in DWDS would be expected. Therefore, although

Figure 5. OCT images of monochloramine-treated, free-chlorine-
treated, and groundwater biofilms under shear conditions.
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long-term disinfection could not significantly remove biofilms,
less detachment of stiffened biofilms is expected.
Shear conditions during disinfectant exposure can also

influence biofilm structural and mechanical properties.
Compared to biofilms treated under shear-free conditions, the
biofilms exposed to shear conditions were smoother due to the
biofilm erosion caused by shear stress.14 These smoother
biofilms were expected to be more resistant to shear force and
detachment.46 In addition, shear stress during monochloramine
exposure caused stiffer biofilms. A previous numerical modeling
study of the biofilm mechanical behavior showed that shear
stress compressed and reduced the voids inside biofilms, thus
leading to more compact and stiffer biofilms.47 However, no
internal voids or channels were observed in this study under the
resolution of the OCT imaging system used. Other studies
revealed the enhanced disinfectant mass transfer by shear,48,49

which may also cause the enhanced disinfection reaction and
thus an increase in biofilm stiffness under shear stress.
However, the stiffness of free-chlorine-treated biofilms under
shear and shear-free conditions did not show any difference,
suggesting that other factors, such as limited penetration of
chlorine,50 may control the mechanical properties of these
biofilms.
In this study, the evolution of the biofilm Young’s modulus

during three months of exposure to disinfectants was
characterized by AFM microindentation. A wide range of
values for the Young’s modulus has been reported in previous
studies due to the use of diverse methods and biofilms.51−60

Most of the studies that used AFM nano- or microindentation
to determine the Young’s modulus focused on single-culture
biofilms and revealed a biofilm Young’s modulus ranging from
0.1 to 316 kPa.51,58,59,61 Only one study applied nano-
indentation to drinking water biofilms and reported a biofilm
Young’s modulus greater than 200 kPa.51 In our study, the
lowest biofilm Young’s modulus was found to be 0.3 kPa (for
nondisinfected biofilms), and the highest biofilm Young’s
modulus was 179 kPa (for monochloramine-treated biofilms).
These values are within the range of previously reported biofilm
Young’s modulus.
Our study applied AFM microindentation on multiculture

biofilms, providing a promising and nondestructive way to
determine microscale drinking-water biofilm mechanical
properties in a liquid environment. However, AFM indentation
has some limitations in determining the mechanical behavior of
biofilms, including that (1) only the elastic modulus of the
outer layer can be quantitatively determined. Although a stiffer
biofilm inner layer was revealed in the indentation curves and
previous studies,47,62 it was not characterized by indentation
owing to relevant substrate effects; (2) the elastic modulus
could only be measured along the biofilm depth but not in the
lateral direction. However, a certain anisotropy of the biofilm is
expected; (3) the shear modulus is also essential to determine
biofilm resistance under shear stress, and it cannot be
determined from AFM microindentation. To overcome these
limitations, we could combined other techniques with AFM
indentation. For example, rheometers and tensile tests could be
used to measure the mesoscale biofilm main-body mechanical
properties,53,56,60,63−65 and AFM sharp tips could be used to
abrade biofilm and explore biofilm mechanical strength along
the horizontal direction.15,18 Future efforts will focus on taking
advantage of multiple techniques to comprehensively character-
ize the bulk mechanical behavior of biofilms.

■ IMPLICATIONS
The results of this study on biofilm mechanical and structural
properties under long-term disinfectant exposure provide
insights on pathogen transmission prediction and control in
DWDS. Specifically, the biofilm elastic modulus and structure
measurement results suggested that (1) more rigid biofilms
after long-term disinfectant exposure may be more resistant to
detachment, which can thus reduce the release of biofilm-
associated pathogens; (2) shear stress in DWDS could help to
maintain relatively smoother biofilms, on which less pathogen
accumulation and biofilm detachment is expected; (3)
disinfectant exposure in one month would have the best effect
on increasing biofilm stiffness and reducing biofilm thickness,
and longer time disinfection will lead to a decrease of biofilm
stiffness and a recovery of biofilm thickness. Accordingly, risk
assessment on DWDS pathogens could incorporate the
information on biofilm mechanical and structural properties
to precisely evaluate the biofilm-associated pathogen release
level under disinfectant-exposure conditions. In the next step,
the connection between pathogen transmission and long-term
disinfected biofilms needs to be further explored, and a
mathematical model will be built to estimate the risk of
pathogens in DWDS with disinfectant exposure.
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